Antiviral therapy for cytomegalovirus (CMV) plays an important role in the clinical management of solid organ and hematopoietic stem cell transplant recipients. However, CMV antiviral therapy can be complicated by drug resistance associated with mutations in the phosphotransferase UL97 and the DNA polymerase UL54. We have developed an amplicon-based high-throughput sequencing strategy for detecting CMV drug resistance mutations in clinical plasma specimens using a microfluidics PCR platform for multiplexed library preparation and a benchtop next-generation sequencing instrument. Plasmid clones of the UL97 and UL54 genes were used to demonstrate the low overall empirical error rate of the assay (0.189%) and to develop a statistical algorithm for identifying authentic low-abundance variants. The ability of the assay to detect resistance mutations was tested with mixes of wild-type and mutant plasmids, as well as clinical CMV isolates and plasma samples that were known to contain mutations that confer resistance. Finally, 48 clinical plasma specimens with a range of viral loads (394 to 2,191,011 copies/ml plasma) were sequenced using multiplexing of up to 24 specimens per run. This led to the identification of seven resistance mutations, three of which were present in <20% of the sequenced population. Thus, this assay offers more sensitive detection of minor variants and a higher multiplexing capacity than current methods for the genotypic detection of CMV drug resistance mutations.
H
uman cytomegalovirus (CMV) is an important cause of severe systemic and tissue-invasive disease in immunocompromised patients (reviewed in reference 1), such as solid organ transplant (SOT) and hematopoietic stem cell transplant (HSCT) recipients. In these patients, prophylactic or preemptive treatment with antiviral agents for CMV significantly reduces the rates of CMV disease, the risk of other viral and bacterial infections, and all-cause mortality (2-5), but these treatments place patients at risk for the development of CMV drug resistance (6) . In addition to anti-CMV therapy lasting for Ն3 months, other risk factors for drug resistance are intensive immunosuppression, multiple episodes of CMV reactivation, high viral counts, and suboptimal antiviral concentrations due to poor compliance or low drug absorption (7) .
The number of antiviral drugs approved for CMV treatment is limited and includes ganciclovir (GCV) and its prodrug valganciclovir (VCV), foscarnet (FOS), and cidofovir (CDV). Intravenous GCV and oral VCV are used as first-line agents for both prophylaxis and treatment, largely because of their lower toxicities than those of FOS and CDV (8) (9) (10) (11) (12) (13) . All of the available CMV drugs ultimately target the viral DNA polymerase UL54; however, GCV and VCV also require phosphorylation by the phosphotransferase UL97 for their antiviral activity (6) . Thus, mutations in the UL97 and UL54 genes can confer resistance to GCV and VCV, while CDV and FOS resistance is only associated with mutations in UL54. Large numbers of sequence variants have been identified in UL97 and UL54, but only a relatively small number of these lead to drug resistance in phenotypic assays (6) . Phenotypically confirmed resistance mutations in UL97 cluster in hot spots within codons 405 to 607 of the gene, with Ͼ80% of the GCV-resistant clinical isolates carrying one of the seven frequently encountered drug resistance mutations (DRMs): M460V, M460I, H520Q, C592G, A594V, L595S, and C603W (6) . In contrast, resistance mutations in the CMV polymerase can be found throughout the UL54 gene, particularly the exonuclease and polymerase domains, and many of these confer cross-resistance to more than one drug (6, 7) .
The rates of CMV drug resistance vary between 5% and 12.5% for SOT recipients and are Ͻ5% for HSCT recipients (6, (14) (15) (16) (17) . In HIV-infected patients, GCV resistance has been reported in Ͼ20% of patients before the availability of highly active antiretroviral therapy (HAART) and in 9% after and is associated with CD4 ϩ T-cell counts of Ͻ50 cells/l (18) (19) (20) (21) . Continued administration of a drug to which resistance has developed can lead to an accumulation of multiple drug resistance mutations (6) , increased morbidity, and, in SOT recipients, shortened graft survival (15, 16) . On the other hand, therapy modification following the identification of GCV resistance is associated with more rapid viral clearance (3) , further emphasizing the importance of timely resistance detection. Standardized protocols for selecting alternative therapy do not currently exist; however, several SOT and HSCT expert panels have proposed management algorithms (11, 22 ) that advocate genotypic resistance testing when the CMV viral load rises or when CMV-related disease develops in the setting of CMV antiviral treatment that has lasted Ͼ2 weeks.
The current gold standard for genotypic detection of CMV drug resistance is Sanger sequencing of PCR-amplified UL97 and UL54 gene segments. However, this approach often fails for viral loads of Ͻ1,000 CMV copies/ml of patient plasma, and it cannot detect mutants that are present in Ͻ10 to 20% of the viral population. In contrast, next-generation sequencing (NGS) methods have an improved ability to detect mixed populations and have been employed for the detection of HIV drug resistance (23, 24) . NGS approaches have also been used to specifically assess the impact of low-abundance variants on treatment outcomes in HIVinfected patients (23) . Moreover, two recent studies have successfully used NGS platforms to study CMV intrahost population diversity in clinical specimens (25, 26) . A specific advantage of 454 pyrosequencing over most of the other currently available NGS technologies is the length of the sequencing reads (up to 1,000 bp with the GS FLX Titanium XL ϩ instrument and 400 bp with the 454 GS Junior sequencer).
Here, we report the development and evaluation of an NGS assay for the genotypic detection of CMV drug resistance in clinical samples using the Roche 454 GS Junior sequencer, a benchtop high-throughput pyrosequencing platform. The assay accuracy, error rates, and the ability to detect low-abundance variants were assessed using plasmid clones of the UL54 and UL97 genes. The assay was further evaluated using cultured CMV isolates and archived plasma specimens with known DRMs, followed by the testing of 48 clinical plasma specimens with a wide range of viral loads. Using this approach, we have achieved reproducible detection of well-characterized drug resistance mutations (DRMs) that are present in Յ10% of the viral population.
MATERIALS AND METHODS
Ethics. This study was reviewed and approved by the institutional review board of Stanford University.
Patients and clinical specimens. This study utilized clinical specimens submitted to the Stanford Hospital & Clinics (SHC) Clinical Virology Laboratory between April 2012 and March 2013 for CMV quantitative measurement. Clinical data were collected from the SHC and Lucile Packard Children's Hospital (LPCH) electronic medical records. Specimens were selected based on a recent history of CMV drug resistance testing, rising viral counts in the setting of ongoing viral therapy, and exposure to multiple CMV drugs. In some cases, multiple samples per patient were tested. The relevant patient data are summarized in Table 1 . Where available, the CMV serologic data were obtained (see Table S1 in the supplemental material). Additional specimen characteristics for the samples used in the study, including viral loads and the outcomes of standard genotypic resistance testing, if performed, can be found in Table S1 in the supplemental material. DNA extracts from four CMV culture isolates from patients with well-characterized phenotypic and genotypic resistance to multiple drugs were selected from prior publications (27) (28) (29) (30) , and three plasma specimens with prior conventional Sanger sequencing genotype data and associated clinical ganciclovir resistance were provided from the Oregon Health & Science University archives.
DNA extraction and viral load estimation. For the clinical plasma specimens, DNA was extracted from 1.0 ml plasma using the Qiagen virus/bacteria midi kit on the QIAsymphony SP device and eluted in 90 l of Tris-EDTA (TE) buffer (Qiagen, Germantown, MD). Viral loads were measured using artus CMV PCR reagents (Qiagen, Germantown, MD) on the Rotor-Gene Q, as previously described (31) . For the reference control, cultured CMV strain AD169 (ATCC VR-538) (American Type Culture Collection, Manassas, VA) was diluted in defibrinated human plasma (SeraCare, Milford, MA) at 1:1,000 (high copy number) and 1:100,000 (low copy number), processed by the same protocol as the clinical specimens, and the viral load in copies/ml plasma was measured with the artus CMV PCR. Viral loads estimated for the low-copy AD169 control are typically in the range of 2,700 to 3,400 copies/ml plasma.
Primer design. Primers targeting UL97 and UL54 were designed using NCBI Primer-BLAST and the CMV Merlin strain reference sequence (NC_006273.1) (Tables 2 and 3) . Polymorphic regions were avoided by aligning all primers to 22 CMV sequences from GenBank (see http://www .ncbi.nlm.nih.gov/genomes/VIRUSES/VIAL/10359/10359.html). A nested approach was used, such that the UL54 and UL97 genes were initially amplified by long-range PCR and the resulting products were used as a template in a four-primer library preparation step as outlined in Fig. 1 . To avoid allelic dropout, two distinct long-range primer sets for each gene were designed (Table 2) . Primers for amplicon generation and bar coding with the Fluidigm Access Array (Fluidigm, South San Francisco, CA) were designed according to the manufacturer's specifications. Briefly, for target-specific enrichment (Table 3) , two primers were designed such that primer 1 included a 5=-extension containing the 454 consensus sequence 1 (CS1) (ACA CTG ACG ACA TGG TTC TAC A) followed by the CMVspecific sequence, while primer 2 included a 5=-extension containing CS2 (TAC GGT AGC AGA GAC TTG GTC T) followed by the CMV-specific sequence. The second primer set for the 4-primer Access Array step contained bar codes and 454 adapters: forward bar code primer (CGT ATC GCC TCC CTC GCG CCA TCA GNN NNN NNN NNA CAC TGA CGA CAT GGT TCT ACA) and reverse bar code primer (CTA TGC GCC TTG CCA GCC CGC TCA GNN NNN NNN NNT ACG GTA GCA GAG ACT TGG TCT), where the Ns represent the Fluidigm 10-bp nucleotide bar code sequences. All primer pairs were validated for 4-primer PCR conditions using CMV strain AD169 DNA as a template. Seventeen primer sets were selected after primer validation: four sets spanning codons 399 to 664 of UL97 and 13 sets spanning codons 212 to 311 and 356 to 1042 of UL54 (Table 3) . Long-range PCR. The UL54 and UL97 genes were amplified using the LongAmp Hot Start Taq DNA polymerase (New England BioLabs, Ipswich, MA), according to the manufacturer's instructions. Two multiplexed PCRs were run simultaneously with distinct primer pairs for UL97 and UL54 (Table 2 ). Each 50-l reaction mixture contained LongAmp Hot Start Taq 2ϫ master mix, 400 nM each primer, 3% dimethyl sulfoxide (DMSO), and 20 l of extracted nucleic acid as a template. The reactions were run in a DNA Engine PTC-200 (Bio-Rad, Hercules, CA), using the following cycling parameters: 94°C for 30 s, 30 cycles of 94°C for 30 s, 60°C 
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FIG 1
CMV drug resistance mutation testing approach. Long-range PCR, followed by library preparation and bar coding using the Fluidigm Access Array, is shown relative to the UL97 (A) and UL54 (B) genes and known drug resistance mutations across the genes (not drawn to scale). This approach produces 4 overlapping amplicons for UL97 and 13 for UL54, which were pooled and subjected to 454 pyrosequencing using the Roche GS Junior sequencer.
for 30 s, and 65°C for 4 min 15 s, and a final extension for 10 min at 65°C. The PCR products were pooled, and a 15-l aliquot was electrophoresed on a 1% agarose gel and stained with ethidium bromide to ascertain the presence of visible bands for both genes. Library preparation. Sequencing libraries were prepared on the 48.48 Access Array (Fluidigm, South San Francisco, CA) using long-range PCR products as a template. Up to 24 specimens were included in each array. A corresponding number of bar-coded primers were selected from the 96 Access Array bar code library for the 454 FLX Titanium sequencer (Roche 454 Life Sciences, Branford, CT). The reaction mixtures were assembled on the integrated fluidic circuit (IFC) using IFC Controller AX (Fluidigm), and amplification was performed using the FC1 cycler (Fluidigm) according to the manufacturer's instructions. The primers (1 M) were distributed in the primer half-plate of the IFC according to the setup outlined in Table S2 in the supplemental material. Each sample was loaded in duplicate in the sample half-plate of the IFC. The PCR products from each sample were automatically pooled and harvested using a separate IFC Controller AX and examined by capillary electrophoresis on the QIAxcel Advanced system (Qiagen, Germantown, MD). The amplicons were purified twice using Agencourt AMPure XP magnetic beads (Beckman Coulter, Brea, CA). The amplicon lengths were assessed using the Agilent 2100 Expert bioanalyzer (Agilent Technologies, Santa Clara, CA). DNA concentrations were estimated using Quant-iT PicoGreen doublestranded DNA (dsDNA) reagents (Life Technologies, Carlsbad, CA) according to the manufacturer's instructions. The amplicon concentrations were calculated according to the Amplicon Library Preparation Method manual, GS Junior Titanium series (Roche 454 Life Sciences), using the following equation: amplicon molecules/l ϭ [(sample DNA concentration) ϫ 6.022 ϫ 10 23 /[656.6 ϫ 10 9 ϫ (amplicon length)], where the sample DNA concentration was measured in ng/l and the amplicon length was measured in bp. The amplicon concentrations were adjusted to 1 ϫ 10 9 molecules/l before storage or downstream use in emulsion PCR. Emulsion PCR and sequencing. Water-in-oil emulsion PCR and the enrichment of clonally amplified beads were performed using the GS Junior Titanium emulsion PCR (emPCR) (Lib-A) kit (Roche 454 Life Sciences, Branford, CT) according to the manufacturer's instructions. The purified Access Array-generated library was mixed at 0.6 DNA molecules per bead to achieve the recommended 5 to 20% enrichment of the amplified beads. Sequencing was performed using the GS Junior instrument and the GS Junior Titanium sequencing kit (Roche 454 Life Sciences) in the forward and reverse directions, using ϳ5 ϫ 10 6 enriched beads. All sequencing runs were examined against quality-control benchmarks preset by the manufacturer (see the 454 Sequencing System software manual version 2.5).
Data analysis. Sequencing data were obtained as standard flowgram format (SFF) files from the GS run processor after quality-control filtering and read trimming using the manufacturer's default parameters (see 454 Sequencing System software manual version 2.5). The SFF data files were further analyzed using the GS Amplicon Variant Analyzer (AVA) version 2.7 (Roche 454 Life Sciences, Branford, CT). The reads were trimmed using the Fluidigm blueprint, demultiplexed based on the multiplex identifiers (MIDs) for each sample, and mapped to the reference FASTA sequences of UL54 and UL97 from the Merlin strain (NC_006273). Variant calls were made using the default AVA settings. To facilitate data analysis, CMV variants were classified into one of three categories: accepted, rejected, or putative. Accepted variants represent phenotypically proven DRMs as reported in the literature (see Tables S3 and S4 in the supplemental material). The rejected category contains silent mutations, differences between CMV strains based on alignments of the Merlin sequence (NC_006273) with the sequences of 21 other strains deposited in GenBank, and variants that have been shown in the literature to be drug sensitive in phenotypic assays (6, 32) . Variants that did not fall into either of these categories were designated as putative. The read depths and coverage results for all variants were exported from the AVA for further analysis. Calculations of average observed error rates for plasmid clones were performed by obtaining the mean percentage of variants reported by the AVA software for all sequenced positions that fell within a given category, i.e., nucleotide substitutions or insertion/deletions (indels) in the homopolymer or nonhomopolymer regions. A homopolymer region was defined as a repeat of Ն3 of the same nucleotide with nonidentical flanking nucleotides (33) , which defined as such generated 692 homopolymer and 2,466 nonhomopolymer positions. For nucleotides where no variant was reported by the AVA, the error value was considered to be zero.
Plasmids. Full-length UL97 and UL54 genes were cloned into pCR 2.1 Topo vector (Invitrogen, Grand Island, NY) according to the manufacturer's instructions. The templates used for cloning consisted of DNA from the wild-type (WT) reference strain AD169 and a cultured mutant isolate (MUT) from a patient with multiple known DRMs in UL97 (M460V) and UL54 (G841A and P522A) (28) . The target-specific primers used for cloning were as follows: UL54(long)F-1 and UL54(long)R-1 for UL54 (Table 2) , and UL97(long)F-1 ( Table 2 ) and GGT ACA AAC CCA CCG GCG GG for UL97. Each 50-l reaction mixture contained LongAmp Hot Start Taq 2ϫ master mix, 400 nM each primer, 3% DMSO, and 20 l of extracted nucleic acids. The long-range PCR amplification was performed as described above. Plasmids were purified using the GeneJET plasmid miniprep kit (Fermentas, Glen Burnie, MD), performed according to the manufacturer's instructions. The DNA concentrations were measured using the Quant-iT PicoGreen dsDNA reagents. The sequences of the cloned UL97 and UL54 genes were confirmed using Sanger sequencing. The plasmid concentrations were calculated using the following formula: plasmid copies/l ϭ [(sample DNA concentration) ϫ 6.022 ϫ 10 23 /[656.6 ϫ 10 9 ϫ (plasmid length)], where the sample DNA concentration was measured in ng/l and the plasmid length was measured in bp. Equal copy numbers of the corresponding UL54 and UL97 plasmids were mixed to prepare the WT and MUT plasmid templates. To estimate an equivalent of viral copies/ml plasma for plasmids, the following calculation was performed: plasmid copies/ml plasma ϭ (plasmid copies/l) ϫ 90 l eluate, as 90 l is the elution volume for nucleic acids extracted from 1 ml of human plasma using the QIAsymphony protocol described above. This calculation produces an equivalent of the viral load for the plasmid samples and was used as the basis for preparing two different dilutions of plasmid mixes that were equivalent to 1,000 or 10,000 viral copies/ml plasma. These dilutions were used as a template for longrange PCR and the subsequent assay steps in order to estimate the error rates at the two copy number equivalents. The detection of minor variants was assessed by sequencing MUT and WT plasmid mixes at 5%, 10%, and 20% of MUT. These mixes were prepared at the same copy number equivalents as above, 1,000 and 10,000 copies/ml plasma. Each dilution was processed and sequenced on two separate occasions.
Sanger sequencing. Clinical specimens and isolates in which DRMs were identified were also tested by Sanger sequencing. Briefly, one amplicon covering a detected DRM was amplified using 1 l of long-range PCR template, 400 nM the corresponding CS1-or CS2-tagged primers, PCR master mix (Fermentas, Glen Burnie, MD), and 3% DMSO. The following cycling conditions were used: 95°C for 2 min, 30 cycles of 95°C for 30 s, 60°C for 30 s, and 72°C for 30 s, and a final extension for 10 min at 72°C. The PCR products were sequenced by bidirectional dideoxynucleotide termination sequencing using CS1 (forward) and CS2 (reverse) primers (Elim Biopharmaceuticals, Inc., Hayward, CA). The sequences were aligned to the reference using Sequencher software (version 5.1; Gene Codes Corporation, Ann Arbor, MI), and chromatograms were examined manually for secondary peaks at positions where variants were identified by NGS.
Statistical analysis. The error rates associated with the assay were determined by comparing the variant output from the AVA software to Sanger sequences of the WT or MUT plasmid clones as described above. AVA reads in which the sequence differed from the expected Sanger sequence were termed noise_reads. A generalized linear model (34) was used to model the dependency of the number of noise_reads on the covariates using the R language for data analysis and graphing (35) and the function glm.nb from the package MASS (36) . The following covariates were included in the model: total_reads (the number of reads covering a given nucleotide position), treated as a continuous variable, copy number (1,000 or 10,000 copies/ml plasma), treated as a two-level factor, and Is-homopolymer (location in homopolymer or nonhomopolymer region), treated as a two-level variable. Orientation (whether the error was detected in the forward or reverse sequencing direction), specimen type (WT or MUT), and gene (UL54 or UL97) were also examined but were not included in the model because the number of noise_reads did not appear to be strongly dependent on these variables.
RESULTS
Assay design and optimization. We designed a nested amplification strategy followed by 454 pyrosequencing, as outlined in Fig. 1 . Briefly, two multiplexed PCRs were performed to amplify the UL54 and UL97 genes using nucleic acids extracted from clinical plasma specimens or the cultured CMV AD169 reference strain. The purpose of this step was to enrich viral DNA from the clinical specimens with low viral loads, as preliminary experiments showed variable results when the 4-primer PCR was performed directly on nucleic acids from clinical specimens with viral loads of Յ1,000 copies/ml plasma. As an additional quality-control measure, aliquots from pooled long-range PCR products from each specimen were examined for visible UL54 and UL97 bands by agarose gel electrophoresis before proceeding to library preparation. The performance of the long-range PCR was first tested using serial 1:3 dilutions of the cultured AD169 reference strain from 1,200 to 44 copies/ml plasma as a template, all of which produced bands at the expected sizes for UL97 and UL54, even at the lowest dilutions (see Fig. S1 in the supplemental material). Next, 62 clinical plasma specimens were tested with CMV viremia ranging from 253 to 2,191,011 copies/ml plasma. Forty-eight samples (77.4%) produced UL97 and UL54 amplification products that could be visualized, whereas 14 specimens, all with viral loads of Ͻ2,400 copies/ml plasma, produced either no band for either gene (n ϭ 12) or only a UL97 band (n ϭ 2). Among the 19 specimens with viral loads of Յ1,000 copies/ml plasma, 13 (68.4%) were amplified successfully, indicating that most specimens in this range of viremia can be used in the assay. The lowest viral load for which the two genes were successfully amplified was 394 copies/ml plasma.
The regions of UL54 and UL97 that were targeted by primers in the library preparation step were selected based on the locations of phenotypically validated drug resistance mutations (6, 32, 37, 38) . The optimization of these primer sets was performed using the AD169 strain to ensure that all amplicons produced bands of similar intensities when examined by agarose gel electrophoresis. Ultimately, 13 primer sets targeting UL54 and 4 primer sets targeting UL97 were selected (Fig. 1) .
Sequencing reads and coverage. A maximum of 24 specimens were amplified and sequenced at a time, producing 2,278 to 3,735 reads per sample and an average coverage of ϳ140 reads per nucleotide for areas covered by a single amplicon and up to ϳ580 reads per nucleotide in regions with overlapping amplicons (Fig.  2) . When only 8 specimens were processed and sequenced at one time, coverage increased to an average of ϳ650 reads per nucleotide for areas covered by a single amplicon and ϳ2,600 reads per nucleotide in regions with overlapping amplicons (see Fig. S2 in the supplemental material). The degree of read coverage per nucleotide did not correlate with the viral loads of the clinical specimens (data not shown), suggesting that when the long-range PCR is successful, it provides sufficient template in the 4-primer Access Array step, even for specimens with low starting viral counts. Additionally, the read coverages per amplicon in the forward and reverse directions were equivalent for all 17 amplicons (see Fig. S3 in the supplemental material).
Error rates. In order to quantify errors due to amplification and sequencing, the NGS results for two sets of plasmid clones were compared to those from Sanger sequencing, with the assumption that discrepancies between the methods represent errors. Such errors may originate at the level of long-range PCR, library preparation, sequencing, or sequence alignment. For the purpose of these experiments, the full-length UL54 and UL97 genes from the reference AD169 strain and a clinical isolate known to carry multiple resistance mutations (M460V in UL97 and G841A and P522A in UL54) were cloned. Plasmid samples containing WT UL54 and UL97 or MUT UL54 and UL97 were used for long-range PCR and the NGS assay, prepared at two different dilutions simulating viral loads of 1,000 or 10,000 copies/ml plasma. The overall error rate observed for all plasmid samples was 0.189%, representing the average percent error across all nucleotide positions that were sequenced for both genes. Since 454 pyrosequencing is associated with more frequent errors in homopolymer regions (24, 33), we examined the average error rates for indels in the homopolymer and nonhomopolymer regions and found substantially higher average insertional error rates in the homopolymer regions (Fig. 3A) . Similar results were observed for the two plasmid dilutions, although the samples with 10,000 copies/ml showed modestly less error than those with 1,000 copies/ml (data not shown). In contrast, the average error rates for deletions and substitutions did not markedly differ between the two types of sequences (Fig. 3A) .
Next, we used the observed error rates at all positions to gen- Also shown are the locations of the known drug resistance mutations (DRMs) that were considered in this study and the overlapping amplicons generated during library preparation for the UL54 (A) and UL97 (B) genes. erate a statistical model that could be used to distinguish true variants from errors. The distribution of error reads (termed noise_reads in the model) indicated a strong departure from the Poisson model (data not shown); therefore, a gamma-Poisson mixture equivalent to a negative binomial distribution was assumed for the noise_reads variable. Significant covariates included copy number, occurrence within a homopolymer region, and total number of reads covering a specific nucleotide position. To obtain the detection thresholds at which a given percentage of variants would be considered significant (33), we used the model to plot the predicted error as a percentage of the total reads covering a given position (Fig. 3B) . Interestingly, the predictions for a given number of total reads were not markedly different between the homopolymer and nonhomopolymer regions (Fig. 3B ) or between 1,000 and 10,000 copies/ml plasma (data not shown). An examination of known CMV DRMs (see Tables S3 and S4 in the supplemental material) reveals that the majority of known DRMs were substitutions, which exhibited similar error rates in the homopolymer and nonhomopolymer regions (Fig. 3A) , and the small number of deletions associated with resistance (see Tables  S3 and S4 in the supplemental material) occurred in nonhomopolymer regions. Thus, a single model combining the homopolymer and nonhomopolymer regions may be adequate.
Detection of minor variants in mixed plasmid populations.
To assess the ability of the assay to detect minor variants, the WT and MUT plasmids were mixed in different ratios, such that the MUT plasmids contributed 5, 10, or 20% to the plasmid population. In addition to the 3 known DRMs in the MUT plasmids, 30 other positions in UL54 and UL97 were identified by Sanger sequencing where the MUT sequence was different from the WT and would constitute a minor variant. These positions represent CMV strain differences, previously characterized single nucleotide polymorphisms, and amino acid substitutions that have been shown to be drug sensitive in phenotypic assays (6, 32, 39) . The plasmid mixes were prepared at two concentrations (representing the equivalents of 1,000 and 10,000 viral copies/ml plasma), and the NGS protocol was performed in duplicate for each mix, beginning at the long-range PCR step. Minor variants were missed most frequently in plasmid mixes with the lowest contribution of MUT plasmid tested at the low copy equivalent. For example, at 1,000 copies/ml, the 5% and 10% MUT variants had variable detection results, such that within a given experiment, a mean of 14 minor variants were not detected out of the 33 possible variants (range, 3 to 29). This indicates that at the low starting copy numbers, minor variants are not reliably represented, which is consistent with previous reports (40, 41) . The inaccuracy and imprecision of minor variant quantitation at low starting viral loads were evident when the mean percentage of variants for all 33 positions was considered for each dilution and each replicate (Fig. 4) . The replicates at 10,000 copies/ml (Fig. 4A) 
FIG 3
Error rates for plasmid clones in homopolymer and nonhomopolymer regions. (A) Observed error rates per error type and sequence context. UL54 and UL97 plasmid clones mixed at 1,000 copies/ml plasma were processed and sequenced in duplicate. All variant reads called by the GS amplicon variant analyzer compared to Sanger sequencing of the plasmids were considered errors and were calculated as the percentage of the total reads covering a given nucleotide. The data are presented as the average percent error for substitutions, insertions, and deletions in the homopolymer and nonhomopolymer regions. The averages from two independent experiments are shown. (B) Threshold for minor variant detection relative to total read coverage based on empirical error rates for plasmid clones. The covariates included in the negative binomial model were total_reads (number of reads covering a given nucleotide position), copy number (1,000 or 10,000 copies/ml plasma), and location in homopolymer versus nonhomopolymer regions. The average from two independent experiments is shown. more closely approximated the expected variant ratio than the replicates at 1,000 copies/ml (Fig. 4B) .
Drug resistance mutations in clinical specimens. To evaluate the ability of the assay to detect drug resistance mutations, we tested four archived CMV isolates obtained from patients with confirmed phenotypic and genotypic resistance to multiple drugs and three archived plasma samples associated with known genotypic and clinical GCV resistance. A review of the sequencing data from these experiments demonstrated that the majority of sequence variations represented silent mutations. After such variants were filtered out, only 5 to 15 variants for UL54 and Ͻ5 variants for UL97 remained for further analysis, representing known DRMs as well as putative variants. In all cases, the NGS assay correctly identified the resistance mutations that had been previously detected in each of the cultured isolates and archived plasma specimens by Sanger sequencing ( Table 4 ), indicating that the NGS strategy can detect high-abundance variants as efficiently as traditional methods.
Interestingly, for four of the specimens, the NGS assay also identified low-abundance resistance mutations that had not been reported by conventional sequencing (Table 4) . Isolate OHSU-E724 demonstrated a minor subpopulation of these low-abundance resistance mutations with D588N in UL54, which is associated with FOS resistance and lower levels of GCV and CDV cross-resistance (42, 43) . This mutation was reproducibly detected at similar levels in two independent sequencing experiments where different DNA dilutions were used for long-range PCR (10.5% at a 1:2,000 dilution and 10.6% at a 1:20 dilution), suggesting that this finding was not due to amplification or sequencing artifact. Furthermore, the low levels at which the mutation was detected are consistent with prior reports of reduced viral fitness associated with this mutation (43) . For isolate OHSU-E65, a minor population was found to harbor the amino acid substitution L501I, which is known to confer resistance to GCV and CDV (44) . This mutation was identified in 5.2% and 6.3% of the viral population at the 1:20 and 1:2,000 dilutions, respectively. An isolate from the same patient obtained 5 months earlier demonstrated a different mutation at the same position, L501F (28) . Similarly, isolate OHSU-E749 contained two different mutants at position P522 of UL54: a major P522S mutation (present in 87.6%) and a minor P522A mutation (present in 8.6%), both of which were reproducibly detected at two different sequencing depths and are associated with GCV and CDV resistance (44, 45) . Finally, plasma specimen OHSU-E1162 contained a minor subpopulation (15.1%) of the UL97 resistance mutation A594V. Taken together, these results indicate that the NGS assay can reproducibly identify low-prevalence resistance mutations that may be missed by traditional genotyping approaches, although the findings in these particular cases would not have changed the resistance phenotypes that were inferred from the previously diagnosed mutations.
Next, we tested 48 plasma samples that had been submitted to the Stanford Clinical Virology laboratory for CMV viral load testing and could be amplified by long-range PCR. The majority of the specimens were from HSCT and SOT recipients receiving preemptive anti-CMV therapy or long-term prophylaxis (Table 1; see  also Table S1 in the supplemental material). The viral loads of the plasma specimens, as well as patient characteristics, such as diagnosis, CMV serology status, CMV drug exposures, and history of testing by Sanger sequencing, can be found in Table S1 in the supplemental material. For 14 out of the 48 specimens that were tested, CMV drug resistance testing by Sanger sequencing had been performed at a reference laboratory within 21 days of when the specimen was tested in our assay. In two cases, the reference laboratory reported drug resistance mutations, H520Q in UL97 for patient 30 and M460V in UL97 for patient 32, both of which were identified as high-abundance DRMs by NGS (Table 5 ). Interestingly, patient 32 also had another UL97 mutation, L595S, which was present in 25.9% of the population. Lab-developed Sanger sequencing demonstrated a secondary peak at nucleotide 1784, indicating the presence of the expected T-to-C substitution (Fig. 5B) . Five of the 14 cases were reported by the reference laboratory as being negative for resistance mutations, and the NGS results were concordant. However, for 7 of the 14 cases, the reference laboratory did not report a result due to a failure to amplify the UL97 and UL54 genes, which could have been related to low viral loads, failed extraction, amplification inhibition, or allelic dropout. In contrast, the NGS assay produced a definitive result in all of these cases and identified no resistance mutations in five cases and a low-abundance resistance mutation in two specimens ( Table 5 ). The low-abundance mutation, C592G in UL97, was identified at 15.6% and 6.4% (Table 5 and Fig. 5D ) in specimens from the same patient that were obtained ϳ7 weeks apart. Known drug resistance mutations were also identified in a clinical specimen that had not been submitted for testing at the reference laboratory. This specimen, with a viral count of 2,980 copies/ ml, was from a kidney transplant recipient who was exposed to valganciclovir and was found to have the UL54 mutation T503I in 41.6% and the UL97 mutation C603W in 14.4% of the population (Fig. 5A and C) . T503I has been shown to confer resistance to GCV and cross-resistance to CDV (46) . Altogether, we identified 6 resistance mutations (5 in UL97 and 1 in UL54) that were present in Ͻ50% and Ͼ5% of the viral population (Table 5) . Lab-developed Sanger sequencing identified secondary peaks for some of these DRMs, although for variants occurring in Ͻ20% of the viral population, the signal was not sufficiently above background to make a definitive call (Fig. 5) .
We also examined the NGS data for the presence of putative variants in the clinical specimens that were assayed. We focused only on putative variants that were present in Ͼ20% of the population and led to missense mutations. This relatively high threshold was deemed appropriate, since the role of such variants in drug resistance is unknown, and they are not currently incorporated in clinical management algorithms, especially when present at low levels. Eleven out of the 48 specimens had 1 to 2 variants that fit these criteria (see Table S1 in the supplemental material) and will require phenotypic confirmation.
DISCUSSION
In this study, we report the development of an NGS assay for the detection of CMV drug resistance mutations. We have targeted regions of the UL54 and UL97 genes containing known drug resistance mutations using a nested PCR approach and overlapping amplicons, which ensures that in most cases, even specimens with viral loads of Ͻ1,000 copies/ml can be tested. The sequencing of plasmid clones demonstrated a low overall empirical error rate (0.189%), with higher error rates in the homopolymer regions for insertions and deletions but not substitutions. Error modeling based on observed error rates indicates strong dependence on the total number of reads covering a given position, as was shown previously for HIV (33) . Finally, the NGS assay was used to evaluate 48 clinical plasma specimens, five of which were found to have one or more drug resistance mutations.
The detection of drug resistance in CMV has important implications for patient management, as resistance can impact morbid- ity and graft survival in transplant recipients (15, 16) . Given that resistance to current CMV drugs occurs in two well-defined relatively small genomic regions, this virus is well suited for NGS methods that are analogous to the 454 pyrosequencing approaches used in HIV drug resistance testing (reviewed in reference 24). A number of studies have assessed the performance of NGS methods for capturing resistant HIV variants relative to that of Sanger sequencing (23, 33, (47) (48) (49) (50) and demonstrated that at least half of the resistance mutations identified in HIV by NGS are missed by Sanger sequencing (23, 49, 51) . This has allowed for a more accurate estimation of the rate of transmitted drug resistance to protease and reverse transcriptase inhibitors (23, 51) , and it has contributed to increased sensitivity in monitoring the dynamics of viral population changes, specifically the emergence, disappearance, and archiving of drug resistance mutants on and off therapy (52) . Three of the seven drug resistance mutations identified in our sample set were present in UL97 in Ͻ20% of the viral population. Even though in all of these cases, the patients' viremia was controlled with valganciclovir or ganciclovir, the impact of low-abundance drug-resistant CMV variants on patient outcomes has not been systematically investigated. Assays, such as the one described here, will allow for the prospective monitoring of the abundance of such variants over time and an assessment of their association with virologic failure. One advantage of NGS platforms is their ability to multiplex the library preparation and sequencing of multiple specimens by bar coding each individual sample with a specific short sequence that can be recognized by the sequence processing software (53, 54) . While CMV genotypic drug resistance testing is unlikely to occur on a high-volume scale, this ability to multiplex and bar code may allow for increased laboratory efficiency when used in combination with other NGS assays. Additionally, sample processing and sequencing are performed using benchtop instruments that have become increasingly accessible and can be more affordable than traditional genotyping approaches (55) . The workflow of sequencing 24 specimens with this assay requires 5 days, approximately 15 h of hands-on time by a laboratory technologist, and is associated with reagent costs of ϳ$70 per specimen. The maximum number of specimens that were simultaneously processed and sequenced in this study was 24, yielding 2,300 to 3,700 reads per sample and an average coverage of ϳ300 reads per nucleotide, which is sufficient for a reliable identification of high-abundance variants, as was demonstrated by the sequencing results of archived CMV specimens with known mutations present in Ͼ20% of the population.
Despite the low error rates predicted by the statistical model, there was significant variability between the observed and expected percentage of minor variants for the plasmid mixes simulating 1,000 copies/ml. At low viral counts, the number of viral copies that are used for library preparation is small, and a mixed viral population may not be accurately represented in the aliquot used for long-range PCR. While underrepresented variants may be detected by sequencing to a greater depth of reads, variants that are absent from the aliquot due to random sampling will not be detected regardless of the total number of reads. Additionally, stochastic events in early PCR cycles and differential primer annealing efficiencies can lead to the variable amplification of some variants and nonrepresentative final PCR product mixtures (24, 56) . Low-abundance variants are particularly susceptible to these effects, as illustrated by a recent study in which amplification and sequencing were performed in quadruplicate for a mixed viral population, yielding a coefficient of variation of 22.8% for the quantitation of minor variants (mean Ϯ standard deviation [SD], 2.426% Ϯ 0.55%) (40) . In another study, the use of randomly tagged primers during library preparation was used to ensure that each template received a unique identifier (Primer ID), allowing random errors to be tracked for each individual template (41) . The results demonstrated amplification skewing and a wide range of template representation, which was particularly pronounced for low-abundance variants (41) .
One approach to address PCR bias in HIV sequencing is to perform multiple independent reverse transcription-PCRs (RTPCRs) from the same clinical specimen and pool their products to serve as a template for library preparation (57) . In fact, the assay described here takes a similar approach by performing two independent long-range PCRs and pooling their products for the 4-primer library preparation step. Performing the entire assay in duplicate or triplicate for low-viral-copy specimens and focusing only on variants that are reproducibly detected may also be helpful. Additionally, the statistical model developed here can be used to make variant calls, depending on the depth of coverage that is achieved for a given base.
A limitation of the assay was its inability to amplify 22.6% of the clinical plasma specimens by long-range PCR. All specimens that failed amplification had viral loads of Յ2,400 copies/ml. One possible explanation is that insufficient amounts of intact UL54 and UL97 DNA are present in such specimens due to the fragmentation that may occur in vivo or during sample processing or storage. Potential ways to address this issue include using larger volumes of template to increase the probability of including intact DNA or reducing the size of the long-range amplicons to increase PCR efficiency. Further clinical studies will be required to directly compare the performance of this assay with that of other CMV genotypic drug resistance tests.
To our knowledge, this is the first report of a next-generation sequencing assay for CMV genotypic drug resistance identification and its application to clinical specimens. Data from NGS studies of CMV drug resistance may ultimately contribute to the development of DRM databases and genotypic interpretation systems similar to those that exist for HIV (58) (59) (60) . Such tools may be particularly important as new antiviral therapies targeting CMV become available.
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